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ABSTRACT: Hollow polymer nanocapsules are produced by the polymerization within hydrophobic interior
of lipid bilayers that act as temporary self-assembled scaffolds. Pore-forming templates are codissolved with
monomers in the bilayers to create pores with controlled size and chemical environment. Polymerization was
monitored with UV spectroscopy and dynamic light scattering. High-resolution magic angle spinning NMR
characterization provided detailed structural information about nanocapsules. Spherical shape was confir-
med by electron microscopy. Medium-sized molecules can be entrapped within porous nanocapsules. No
release of encapsulated molecules was observed within 240 days.

Introduction

Hollow polymer capsules are important for diverse applica-
tions, e.g., drug delivery, nanoreactors, and sensors.' * Control-
ling permeability and decreasing the thickness of nanocapsule
walls are critical for successful applications. Recently, we repor-
ted preliminary results on the synthesis of polymer nanocapsules
with nanometer-thin shells and imprinted nanopores with con-
trolled size and chemical environment.** These capsules are capable
of ultrafast transport of ions.®

The synthetic approach to the creation of nanocapsules with
nanometer-thin walls is based on the controlled polymerization in
the hydrophobic interior of lipid bilayers. Previously, vesicles
made of lipids or ammonium salt-based surfactants were used to
form polymer capsules.” In our work, hydrophobic templates
are used to create nanopores.* This approach is an example of
directed assembly of nanomaterials, where a covalent assembly of
building blocks occurs within a self-assembled scaffold.® This
general synthetic approach can be expanded to the synthesis of
other nanostructures, e.g., polymer nanodisks.’ Self-assembly of
amphiphiles into aggregates of different morphologies has been
of interest across biological, chemical, and physical sciences for
several decades.'” The directed assembly method is likely to be
used for creating nanostructures with diverse shapes. The ability
to control self-assembly in order to produce nanomaterials of
desired morphology and properties is vital for development of
future nanoscale technologies.

Here we discuss the preparation of nanocapsules, their char-
acterization with electron microscopy and NMR, and evaluation
of long-term stability of nanocapsules in liquid suspensions.

Experimental Details

Chemicals. 1,2-Dimyristoyl-sn-glycero-3-phosphocholine
(DMPC) was purchased from Avanti Polar Lipids, Inc., as a
dry powder. Synthesis of glucose tetraacetate coupled with
4-vinylbenzoic acid® and Reactive Blue dye coupled with
B-cyclodextrin® was described previously. All other chemicals

*Corresponding author. E-mail: epnkhssk@memphis.edu.

© 2010 American Chemical Society

and Sephadex G-50 were purchased from Sigma-Aldrich. Divinyl-
benzene (DVB) and fert-butylstyrene (TBS) were passed
through alumina column to remove the inhibitor shortly
before the polymerization. Sephadex G-50 (10 g) was swollen
in 120 mL of water in a glass screw-capped bottle for at least
Shatroom temperature and stored at 4 °C until required for
use. All other chemicals were HPLC grade and not further
purified before use.

Preparation of Nanocapsules. fert-Butylstyrene (16 L, 8.84 x
10> mol), p-divinylbenzene (13 uL, 8.84 x 10> mol), and photo-
initiator 2,2-dimethoxy-2-phenylacetophenone (3 mg, 0.117 x
10~> mol) were added to a chloroform solution of DMPC (8.84 x
107> mol, 60 mg/mL) or DMPC mixed with pore forming
template (0.87 x 107° mol, in chloroform). Chloroform was
evaporated using a stream of purified argon to form a lipid/
monomer film on the walls of a culture tube. The lipid film was
further dried under vacuum for 30 min to remove traces of chloro-
form. GC and UV—vis analysis confirmed that the concentra-
tion of monomers after drying remained the same. The dried
film was hydrated with deionized water with or without dyes
used as size probes giving a dispersion of multilamellar vesicles.
The suspension was extruded 10 times at 32 °C through a poly-
carbonate Nucleopore track-etch membrane (Whatman) with
0.1 um pore size using a Lipex stainless steel extruder (Northern
Lipids). Typically, when dyes were used, nonentrapped dye mole-
cules were removed by size-exclusion chromatography. A col-
umn was prepared by filling a disposable 3 mL syringe with 3 mL
of hydrated Sephadex G-50. The column was placed in a culture
tube and was spun in a bench centrifuge (VWR Clinical 50) at
2500 rpm for 3 min to remove excess of water. Liposome
suspension (0.6 mL) was added dropwise onto the column.
Column was then spun in a bench centrifuge at 2500 rpm for
S min. Prior to the polymerization, oxygen was removed by
passing purified nitrogen or argon through the solution. The
sample was irradiated with UV light (1 = 254 nm) in a photo-
chemical reactor (10 lamps, 32 W each; the distance between the
lamps and the sample was 10 cm) using quartz tube with path
length of light of ~3 mm. Short path length is important for
efficient polymerization in the presence of dyes. Every 10 min,
a 100 4L aliquot of the solution was taken for analysis. Experi-
ments with varying monomer:lipid and monomer:cross-linker
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Figure 1. Scheme of nanocapsules formation: (A) formation of liposomes with loaded monomers (or monomers and pore-forming template
molecules); (B) irradiation with UV light and formation of fortified liposomes; (C) lipid removal and formation of hollow nanocapsules with thin walls

(and with pores if pore-forming template was used).

ratios were conducted in a similar manner. An aqueous solution
of Procion Red dye was used to hydrate the lipid/monomer
mixture. After the synthesis, samples were mixed with Triton
X-100 and separated on a size-exclusion chromatography col-
umn (Sephadex G-50). Pore size was measured by a colored size
probe retention assay as described previously.*

Dynamic Light Scattering (DLS). Hydrodynamic diameter
and polydispersity index (PDI) measurements were performed
on a Malvern Nano-ZS zetasizer (Malvern Instruments Ltd.,
Worcestershire, U.K.). The helium—neon laser, 4 mW, operates
at 633 nm, with the scatter angle fixed at 173°, and the tempe-
rature at 25 °C. 80 uL samples were placed into disposable
cuvettes without dilution (70 L, 8.5 mm center height Brand
UV-Cuvette micro). Each data point was an average of 10 scans.

UV —vis Spectroscopy. UV measurements were performed on
a UV—vis photodiode array spectrophotometer (Agilent 8453
UV—vis spectrophotometer) using a quartz cuvette of 1 cm
optical path length. 50 4L aliquots from the polymerization
experiment were suspended in 1 mL of hexane to extract residual
monomers.

Long-Term Stability Studies. Nanocapsules with entrapped
Procion Red were suspended in methanol. Samples were stirred
at different temperatures (6, 25, and 45 °C). A 400 uL aliquot of
the supernatant solution was taken at regular intervals (every
week for the first 120 days, every 20 days between 120 and
240 days) for analysis with a UV —vis photodiode array spectro-
photometer (Agilent 8453 UV —vis spectrophotometer) using a

quartz semi-microcuvette with 1 cm optical path length. After
the measurement, the aliquot was returned to the sample.

Electron Microscopy. TEM images were acquired on a JEOL
JEMI1200EX II microscope at an acceleration of 100 kV.
Samples were negatively stained with phosphotungstic acid
(pH = 5.9) on a carbon grid. SEM images were obtained with
a Philips XL 30 ESEM, coated with thick gold—palladium
(60:40) layer using EMS 590 X sputter.

High-Resolution Magic Angle Spinning (HRMAS) NMR. 'H
HRMAS NMR experiments were carried out on a Varian 500
spectrometer equipped with a 4 mm gHX Nanoprobe (Variannmr
Inc., Palo Alto, CA) in a similar fashion to the previously des-
cribed method.'? Briefly, samples were prepared by dispersing
freeze-dried nanocapsules in deuterated solvents. The resulted
suspensions were transferred to glass Nanoprobe rotors that have a
total volume of 40 uL. Rotors were spun at 1500—2500 Hz witha
general accuracy of £2 Hz and optimized for each sample to
minimize overlap of spinning side bands with peaks from
nanocapsules. 1D "H NMR spectra were acquired with solvent
suppression when needed. 2D NMR spectra were acquired using
vendor supplied standard pulse sequences. Individual parameters
were optimized for each sample. All spectra were acquired at 22 °C.
Chemical shifts were calibrated to residual solvent peaks.

Results and Discussion

Synthesis. Polymer nanocapsules were synthesized by free
radical photopolymerization of 4-tert-butylstyrene (TBS)
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Figure 2. (A) Absorption spectra of monomers during polymerization
(10 min intervals). (B) Percent conversion of monomers as a function of
time.

with cross-linker p-divinylbenzene (DVB) with or without
pore-forming molecules incorporated into the lipid bilayers
(Figure 1). Removal of the phospholipid bilayer and pore-
forming templates from the rigid polymer yields nanospheres
with pores that are complementary to the original porogen.
Two types of pore-forming templates were used. One kind
consisted of hydrophobic inert molecules that did not parti-
cipate in the polymerization and formed hydrophobic pores.
Glucose pentaacetate and glucose pentabenzoate were used
as inert templates.

The other type of template was made of a polymerizable
moiety and a bulky pore-forming part joined by a degradable
linker. Here we used a molecule prepared by the coupling of
glucose tetraacetate with 4-vinylbenzoic acid.>'® 4-Vinyl-
benzoic moiety copolymerizes with TBS and DVB. After the
capsule formation, the ester linker is broken by alkaline
hydrolysis to yield nanopores containing a single carboxylic
group. Pore sizes can be measured by a size-probe retention
assay as previously described.*>

UV spectra of monomers show a characteristic absorption
at 290 nm corresponding to the w — s* transition of the
conjugated s system. Involvement of vinyl groups in the
polymerization results in lowering of absorption in this
spectral region. We used disappearance of absorption at
290 nm as the measure of polymerization (Figure 2A).
Time-resolved UV measurements show that the polymeriza-
tion is essentially complete within 1 h (Figure 2B). Further
shortening of the polymerization time can be conceivably
achieved by increasing intensity of irradiation, shortening
the effective path length of light, or by optimizing the use of
photochemical initiators.

To corroborate UV-based monitoring of polymerization
and to gain further insight into polymerization, we used
dynamic light scattering to examine the suspension during
polymerization. For each time point, two aliquots were taken
from solution. One was analyzed by DLS directly. The other
was mixed with excess surfactant Triton X-100 (sufficient
amount to lyze liposomes) and then analyzed with DLS.
Samples that were analyzed without surfactant treatment
showed no change in size and polydispersity (Figure 3A). We
conclude that polymerization within the bilayers does not
negatively affect the integrity of liposomes. Sample mixed
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Figure 3. Size distribution of DMPC liposomes during synthesis (A)
and after addition of TX100 (B).

with a surfactant prior to the polymerization shows that
liposomes have been lyzed, and only Triton micelles are visi-
ble (Figure 3B, # = 0 min). Sample measured after 10 min of
exposure to UV light revealed a small amount of larger
particles, likely indicative of the formation of capsules. The
sample measured after 20 min of polymerization showed a
bimodal distribution with average sizes of approximately
20 and 100 nm. The particles with a diameter of ~20 nm
correspond to the TX-100 and TX-100/lipid micelles that are
formed after removal of lipids from the polymer network.
The particles with a diameter about 100 nm indicate that the
polymerization led to a stable and intact 2D network and
that closed capsules formed. An open network with defects
would not be stable without the lipid environment and
would either collapse or deflate. Monitoring of polymerization
(Figure 2) shows that in the 20 min sample ~50% of mono-
mers were used up. DLS data strongly suggest that after
20 min a substantial amount of polymer capsules has been
formed. The formation of nanocapsules was confirmed with
TEM imaging as described below. All subsequent samples
showed similar bimodal distribution with greater relative
content of the 100 nm component.

In contrast to previous studies on polystyrene-containing
vesicles,'* in our system the structures do not noticeably
change size during synthesis procedure. Importantly, the
cross-linking does not modify the liposome size, and most
of the particles kept the initial template size after the addition
of detergent.

To compare the structure and properties of styrene-derived
nanocapsules prepared from different monomer/lipid formu-
lations, we varied the monomer:lipid and monomer:cross-
linker ratios. In this work, we focused on nanocapsules prepared
from styrene derivatives. Previously, we examined loading of
monomers into different lipids and found little difference in
loading capacity of saturated lipids above their phase transi-
tion temperature.®® We therefore chose DMPC as the repre-
sentative lipid. We also found that the loading capacity did
not change with the size of the liposome,g"l and we selected



7788  Macromolecules, Vol. 43, No. 18, 2010

Intensity,
N A O

1 10 100 1000

Figure 4. Permeability and DLS study of nanocapsules prepared by vary-
ing monomer:lipid (M:L) and monomer:cross-linker (M:C) ratios. Sam-
ple I: M:L = 3:1, M:C = 1:1; sample 2: M:L = 2:1, M:C = 1:1; sample 3:
M:L = 1:1, M:C = 1:1; sample 4: M:L = 0.5:1, M:C = 1:1; sample 5,
M:L = 3:1, M:C = 10:1; sample 6: M:L = 3:1, no cross-linker. (A) Size-
exclusion separations of samples after polymerization and treatment
with surfactant. Liposomes were prepared in the presence of Procion
Red (MW 615). Nonentrapped dye was not separated prior to the poly-
merization. (B) DLS measurements after the polymerization, treatment
with surfactant, and size-exclusion separation.

liposomes prepared by extrusion through a 0.1 um filter as
the template for nanocapsule assembly. The synthesis was
performed as described above. Liposomes were formed in the
presence of Procion Red dye (MW 615, smallest cross section
1.1 nm) to evaluate the retention of medium-sized molecules in
the polymer nanocapsules. After 90 min of UV irradiation of
the liposomes loaded with monomers, the samples were mixed
with Triton X-100, analyzed with DLS and TEM, and sepa-
rated from nonentrapped dyes on a size-exclusion column.

In these experiments, the dye was not separated from lipo-
somes prior to the polymerization. This was done to simplify
the observation of retention of dyes within the nanocapsules.
In this setup, the bulk of the dye was not encapsulated within
the liposomes. Following the polymerization, the sample was
mixed with a surfactant, which would lyze liposomes and
release the dye molecules. Nanocapsules, solubilized with
surfactant molecules, would elute faster than free dye. If dye
is retained within the nanocapsules, the nanocapsule fraction
can be easily observed on the column.

When using 1:1 monomer:cross-linker ratio, nanocapsules
were able to retain entrapped dyes as evidenced by the separation
on a size-exclusion column (Figure 4A, samples 1 —4; mono-
mer:lipid ratio 3:1, 2:1, 1:1, and 0.5:1, respectively). Eluted
fractions were analyzed with DLS and TEM. DLS data show
that nanocapsules prepared with 1:1 monomer:cross-linker
ratio and monomer:lipid ratio between 3:1 and 1:1 show
nanocapsules with ~100 nm diameter (Figure 4B, samples
1—3). DLS data show bimodal distribution for each of these
samples with the predominant scattering from larger parti-
cles (nanocapsules) and less intense scattering from smaller
particles (surfactant micelles). Formation of 100 nm nano-
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Figure 5. Electron micrograph of nanocapsules. TEM (A) and SEM
(B) images of nanocapsules after polymerization and removal of lipid scaf-
fold with methanol. (C) TEM image of an aliquot from the reaction mix-
ture taken after 20 min of UV exposure and treated with Triton X-100.

capsules was confirmed with TEM imaging as described
below. Monomer:lipid ratio of 0.5:1 (1:1 monomer:cross-
linker ratio) also showed bimodal distribution in DLS
showing greater relative content of surfactant micelles and
smaller diameter of nanocapsules (60—70 nm) than the
samples above (Figure 4B, sample 4). TEM data, discussed
below, showed smaller nanocapsules. Since all samples were
prepared under identical conditions and treated with the
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Figure 6. TEM images of nanocapsules prepared by varying monomer:lipid (M:L) and monomer:cross-linker (M:C) ratios. In these experiments,
liposomes loaded with monomers were irradiated with UV light for 90 min and treated with Triton X-100. (A) M:L = 3:1,M:C = 1:1;(B) M:L =2:1, M:
C=1:1;(C) M:L = 1.1, M:C = 1:1; (D) M:L = 0.5:1, M:C = 1:1; (E) M:L = 3:1, M:C = 10:1; (F) M:L = 3:1, no cross-linker.

same amount of surfactant, the low relative scattering inten-
sity at 60—70 nm in sample 4 suggests that only a small
amount of nanocapsules is formed when using 0.5:1 mono-
mer:lipid ratio.

Sample prepared with 10:1 monomer:cross-linker ratio
(Figure 4, sample 5; 3:1 monomer:lipid ratio) showed a broad
size distribution with the 70—80 nm average. These capsules
were not able to retain Procion Red dye. Higher permeability
of these capsules is expected because lower amount of cross-
linker should result in larger inherent pores in the capsule
walls. In addition, such capsules should exhibit higher con-
formational flexibility. Consequently, removal of lipids with
a surfactant is likely to result in deformation of nanocap-
sules, resulting in smaller apparent size observed in DLS.

In a control experiment, we polymerized TBS in the
absence of DVB cross-linker within the bilayer (Figure 4,
sample 6; 3:1 monomer:lipid ratio). Again, no retention of
Procion Red dye was observed. DLS data showed a very
broad size distribution, likely arising from different aggre-
gates of linear polymers. No capsules were observed in TEM
as shown below. Clearly, the presence of a cross-linker is
essential for creating nanocapsules in the bilayer interior.

Electron Microscopy. Transmission electron microscopy
(TEM) characterization confirmed the formation of uniform
polymer nanocapsules (Figure SA). TEM images of freeze-
dried nanocapsules prepared using 1:1 monomer:cross-
linker ratio and 3:1 monomer:lipid ratio were virtually
identical to the images of liposomes used for templating
nanocapsules. TEM revealed no structures with different

morphology, such as parachute-like objects,'® than those
shown in Figure 5A.

Scanning electron microscopy (SEM) showed that freeze-
dried nanocapsules preserved their spherical shape (Figure 5B).
This finding differs from a previous observation by Jung et al
of parachute-like structures ?roduced from vesicle-templated
polymerization of acrylates."> Two important differences may
account for higher stability of nanocapsules described here.
First, we used styrene derivatives, which are less conformation-
ally flexible than butyl methacrylate and ethyele glycol dimetha-
crylate used in other studies. Second, the aspect ratio of capsule
diameter to wall thickness is much smaller in 100 nm capsules
than in micrometer-sized vesicles used in other reports.

Varying monomer:lipid and monomer:cross-linker ratios
resulted in nanocapsules with different structures. Figure 6
shows the TEM images obtained after loading DMPC lipo-
somes with different formulations of monomers, irradiating
samples for 90 min with UV light and removing the lipid
scaffold with Triton X-100. Samples A—F in Figure 6 corre-
spond to samples 1—6 in Figure 4. Lowering monomer:lipid
ratio to 2:1 or 1:1 resulted in nanocapsules that appear
collapsed in TEM (Figure 6B,C). The average size of these
structures is ~100 nm, the same as liposomes used for temp-
lating and nanocapsules formed with 3:1 monomer:lipid
ratio. These observations are in agreement with }loreviously
reported data for acrylate-based nanocapsules.'> Appar-
ently, the wall thickness is linked to the mechanical stability
of nanocapsules. While nanocapsules in Figure 6B,C col-
lapsed upon drying in vacuum, removal of lipid scaffold with
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Figure 7. MAS NMR spectra of the nanocapsules (A) after synthesis and
washing with methanol and (B) after synthesis, washing, and hydrolysis
with NaOH. (C) Inset region of vinyl groups. (D) and (E) show nano-
capsules with and without pore-forming template after precipitation in
methanol. (F) Two-dimensional proton—carbon HSQC spectrum. Des-
criptions: A, solvents; l, polymers; @, lipid; x, vinyl groups from the
polymer; W = water; X = acetyl groups from pore-forming template.

surfactants did not lead to the release of the entrapped content
as shown by size-exclusion chromatography (Figure 4A,
samples 2 and 3). These results are helpful for choosing
appropriate handling methods in practical applications of
nanocapsules.

Dergunov et al.
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Figure 8. Long-term stability of nanocapcules and retention of Procion
Red in polymer nanocapsules. Capsules with Procion Red stored in refri-
gerator (sample 1, W), at room temperature (sample 2, @), and at 45 °C
(sample 3, O). Data points were offset for clarity.

Nanocapsules prepared with 0.5:1 monomer:lipid ratio
(Figure 6D) are smaller on average than those formed from
higher monomer:lipid ratios and are smaller than liposomes
used for templating. The amount of monomers solubilized
within the bilayer is clearly too small to form the same kind of
nanocapsule as shown in Figure 6A—C. Indeed, with 0.5:1
monomer:lipid ratio, an average of one monomer molecule is
sandwiched between a pair of lipids that occupy 0.63 nm?. At
the same time, most structures in Figure 6D are circular,
suggesting that they possessed spherical shape before drying.
It is conceivable that removal of lipid scaffold with surfactants
and aqueous exposure caused shrinking of hydrophobic
nanocapsules. The similarity between these capsules and
those formed after 20 min of UV irradiation of liposomes
with 3:1 monomer:lipid ratio (Figure 5C) further supports
the above conclusions. Many nanocapsules are not fully
formed after 20 min of polymerization as evident from data
presented in Figure 3, and removal of lipids may have also
caused shrinkage of those structures.

Using 10:1 monomer:cross-linker ratio yields structures
that appear slightly larger than 100 nm on average in TEM
(Figure 6E) and smaller than 100 nm in DLS (Figure 4B,
sample 5). A likely explanation is that due to smaller amount
of a cross-linker, these nanocapsules are softer than those
prepared with 1:1 monomer:cross-linker ratio, and they dry
to form flat structures resembling pita bread rather then
collapsed brittle hemispheres. Because 3:1 monomer:lipid
ratio was used to prepare these capsules, their walls are
too thick for capsules to shrink. Flattened structures
should appear smaller in DLS due to their higher mobility.
These nanocapsules showed no retention of entrapped
Procion Red, in agreement with larger inherent pore size
and higher conformational flexibility of capsule walls com-
pared with capsules prepared with 1:1 monomer:cross-linker
ratio.

Polymerization of TBS in the absence of DVB cross-linker
in the bilayer interior did not result in the formation of nano-
capsules (Figure 6F). The TEM image reveals only Triton
and Triton/lipid micelles and random polymers.

HRMAS NMR. To gain further insight into chemical
composition of nanocapsules, capsules were analyzed with
high-resolution magic angle spinning (HRMAS) NMR.
Samples were prepared by dispersing freeze-dried nanocap-
sules in deuterated solvents. We tested spectral resolution
and intensity using a variety of NMR solvents and found that
CD;Cl or CD,Cl, provided the best overall performance.
CD,Cl, is slightly better than CD;Cl for these samples be-
cause it has less interference to NMR peaks in the aromatic
region, although it is much more volatile. Polystyrene structure
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Figure 9. pH-dependent response of nanocapsules with encapsulated
Congo Red in methanol. Sample 1 is at pH 2; sample 2 is at pH 5.

Figure 10. Pore size measurement by colored size probe retention
assay. Samples 1 and 2 show nanocapsules before removal of pore-for-
ming templates (glucose tetraacetate coupled with 4-vinylbenzoic acid);
samples 3 and 4 show capsules after the removal of pore-forming tem-
plate by alkaline hydrolysis. Nanocapsules in sample 1 contain a mix-
ture of methyl orange (yellow, smallest cross section 0.6 nm), Procion
Red (red, smallest cross section 1.1 nm), and Reactive Blue coupled with
p-cyclodextrin (blue, smallest cross section 1.6 nm). Sample 2 contains
entrapped yellow and blue probes. In both cases, 0.6 nm probe is
released, while 1.1 and/or 1.6 nm probes are retained.

is evident from a combination of aromatic and aliphatic
protons in the 'H NMR spectrum of nanocapsules after
extended washing with methanol (Figure 7A). The '"H NMR
spectrum of nanocapsules after precipitation from methanol
and minimal washing shows that phospholipids are present
(Figure 7D). The presence of the inner layer of lipids is expec-
ted when the polymerization is performed in the absence of
pore-forming templates.

We next wanted to obtain the ratio of zerz-butyl protons to
those of aromatic protons. While the aromatic protons are
wellisolated, protons in the zerz-butyl group from monomers
(~1.3 ppm) severely overlap with methylene protons from
lipids in the 1D NMR spectra. This overlap prevented
reliable quantification for protons in the zerz-butyl group.
To circumvent this problem, we performed DEPT (distor-
tionless enhancement by polarization transfer) edited two-
dimensional proton-carbon HSQC (heteronuclear single
quantum correlation) experiment (Figure 7F). Signals from
the tert-butyl group in this 2D measurement were well
separated from those of the lipid methylenes in the carbon
dimension. The ratio of zert-butyl to aromatic protons was
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then calculated reliably by combining the analysis of 1D and
2D HRMAS NMR spectra of the nanocapsules.

On the basis of integrals of the zert-butyl group and
aggregate intensity of aromatic hydrogens (a sum of hydro-
gens from TBS and DVB), we calculate the TBS:DVB molar
ratio in the nanocapsules to be 2:1. The TBS:DVB ratio loaded
into the bilayers was 1:1, and the lower amount of DVB found
in the nanocapsules is likely to be a reflection of its lower
reactivity. On the basis of relative intensities of fert-butyl
signal and signals from lipids and taking into account the
TBS:DVB ratio, we calculated the monomers:lipids ratio to
be approximately 6:1. This ratio suggests that after minimal
washing more than half of lipids from the inner leaflet remain
entrapped within the nanocapsules. No lipids were found in
capsules after extensive washing with methanol (Figure 7A)
or alkaline hydrolysis (Figure 7B).

The spectrum of nanocapsules after treatment with sodium
hydroxide (Figure 7B) shows signals in the 5.2—6.8 ppm
range (Figure 7C) corresponding to the vinyl groups. These
vinyl groups are apparently nonreacted groups from divinyl-
benzene. It is highly unlikely that nonreacted TBS or DVB
molecules are still present because the materials are only 1—2 nm
thick and capsules have been thoroughly washed with metha-
nol. The most likely explanation is that one vinyl group
of DVB was involved in the polymerization and the other vinyl
group did not react because there were no more monomers in
the close proximity available for the reaction.'® Integration of
vinyl peaks and comparison with aromatic hydrogens revealed
the molar ratio of approximately 1:20. These vinyl groups may
open opportunities for further functionalization. For example,
one can copolymerize nanocapsules with styrene, effectively
linking capsules together. Another possibility is to perform an
electrophilic addition (e.g., HBr) and use the resulting deriva-
tive for subsequent transformations.

Long-Term Stability of Nanocapsules. To evaluate long-
term stability of nanocapsules, we examined retention of
medium-sized molecules in a liquid suspension—the most
likely mode of nanocapsule applications. We used Procion
Red (MW 615, smallest cross section 1.1 nm) entrapped
within nanocapsules as the probe. In these experiments,
suspensions of nanocapsules containing Procion Red were
stirred at different temperatures: 6,25, and 45 °C. Each week,
an aliquot was taken from the sample, and the UV spectrum
was recorded. After the first 120 days, UV measurements
were done every 20 days. To achieve low detection limit, the
solutions were not diluted for the measurements. With this
method, concentration of Procion Red corresponding to
the release of 1% or more of the entrapped dye would be
detected. No measurable release of Procion Red was obser-
ved during 240 days (Figure 8).

Retention of medium-sized molecules can be used for
practical applications, such as optical sensors or nanoreac-
tors. For example, a pH-sensitive indicator dye Congo Red
undergoes a color transition in the pH range of 3—5. To
demonstrate the feasibility of using nanocapsules to immo-
bilize indicator dyes, we entrapped Congo Red in nanocap-
sules. As in the case with Procion Red, described above, we
did not observe release of Congo Red for an extended period
of time. Changing the pH from acidic to neutral is accom-
panied by immediate color change (Figure 9).

Pore sizes of nanocapsules were measured by a colored size
probe retention assay as described previously.* Briefly, a
mixture of dyes with different cross sections and different
UV—vis spectra are entrapped in liposomes containing
monomers and pore-forming templates in the bilayer inter-
ior. After the polymerization and template removal, surfactant-
solubilized nanocapsules are separated by size-exclusion
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chromatography. Size probes with the cross section smaller
than the pore size escape from the nanocapsule and are
separated on a column. Analysis of the nanocapsule fraction
shows which size probes remain entrapped within the nano-
capsules. In this work, when using glucose pentaacetate and
glucose tetraacetate coupled with 4-vinylbenzoic acid, pore
sizes were found to be between 0.6 and 1.1 nm (Figure 10).

Summary

Controlled polymerization within hydrophobic interior of
lipid vesicles is a convenient method for the synthesis of hollow
nanocapsules. HRMAS NMR provided important structural
information on nanocapsules. A 2:1 ratio of TBS to DVB was
determined from the NMR spectra. Presence of inner leaflet of
lipids was shown in the nanocapsule samples measured after
minimal processing. Extensive washing of nanocapsules with
methanol or treatment with sodium hydroxide removed all lipids.
A small amount of residual vinyl groups was found in nanocap-
sules, opening opportunities for further functionalization or
covalent linking of nanocapsules. Incorporation of pore-forming
templates into nanocapsule walls and their removal upon alkaline
hydrolysis was also confirmed by NMR.

Varying monomer:lipid and monomer:cross-linker ratios af-
fected permeability and structures of resulting nanocapsules.
Nanocapsules prepared from building blocks loaded into the
bilayer interior at 3:1 total monomer:lipid and 1:1 monomer:
cross-linker ratios retain their spherical shape upon drying.
Smaller amounts of monomers loaded into the bilayer lead to
nanocapsules that collapse upon drying. Regardless of their
structural stability toward drying in vacuum, nanocapsules pre-
pared with high content of a cross-linker are capable of retaining
medium-sized molecules. Small relative amount of a cross-linker
yielded softer nanocapsules that release medium-sized molecules.
In the absence of a cross-linker no nanocapsules were observed
upon removal of the lipid scaffold.

Nanocapsules showed excellent long-term stability. No medium-
sized molecules were released from nanocapsules over an 8§ month
period. A pH-sensitive indicator dye was entrapped and was
shown to change color upon changing pH of the solution. These
findings enhance the directed assembly technology for the synthe-
sis of nanocapsules and set the stage for practical applications
such as nanoreactors or optical sensors.
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